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There are four projects in today's work, and they may be performed in any sequence: 
a. the t-test, a second type of statistical test (You used the chi square test in a previous lab.) 
b. indirect measurement, accuracy, and precision 
c. turbidimetry, for counting cells in a suspension 
d. chromatography, another separation technique 

Wear gloves and splash goggles in today's work.  Handle all materials carefully, as always, and be careful in manipulating pipettes and pumps. 


                                              The t-test (statistics continued)

Statistical tests are tools that scientists use to analyze experimental results.  There are various types of statistical tests; which one is used depends on how the experiment has been designed.   In the genetics exercise you used the chi square test to analyze sets of data that you collected. The purpose there was to help you decide whether an observed distribution of experimental results was significantly different from an expected distribution. Since 
chance always affects observations and measurements to some degree and since variability is inherent in living systems, it is important to recognize when observed differences (in comparisons) are due to some factor or influence other than chance. The chi square test is applicable in some situations but not in others.

One of the most common situations in biological work is the comparison of two groups of things to determine whether they are significantly different from each other with respect to some variable of interest (height, weight, blood pressure, life expectancy, bushels per acre, etc.). When medications are tested for effectiveness, when agricultural chemicals are tested for effects on plant growth, and in countless other applications, the investigator applies some treatment to a group of individuals and looks for any effects of the treatment. Of course, this requires a control group: that's the group of untreated individuals for comparison. At the outset the investigator must select the test individuals so that the two groups (treated and control) would be the same except for the treatment applied.  All other conditions in the experiment must be the same for the control and treated groups. 

Selection of the test individuals is called sampling. Since it is usually impossible or impractical to include every member of a population in an experiment, scientists use subsets of the population; a subset is called a sample.  Each sample represents the larger population from which it was drawn.  In the absence of any applied treatment, two samples drawn for the population should be the same with respect to the variable under study.  The investigator wants to know whether the treatment has any effect, that is, whether the treated sample is significantly different from the control sample. 

"Significantly different" means that whatever difference is found between the two samples is too great to be accounted for just by chance or inherent variability of the organisms.  From your chi square study in the genetics lab you know that chance, alone, may explain some observed differences.  Chance is a random factor.  No matter how carefully the investigator selects the test individuals to be as similar as possible in the trait (factor) of interest, some unpredictable variation among the test subjects would not be a surprise.  So in an experiment it is the effect of the treatment that we apply to one sample (the treated group) that we're interested in, not the effects of chance or variability of organisms that are beyond our control. 

But how does one know when that difference between the control group and the treated group is large enough to be considered "significant"? The t-test is one statistical test that can be used  for this purpose, to compare the means (averages) of the two groups, to determine (with some specified degree of confidence) whether the means of the two groups are significantly different from each other. 

In the t-test  you test a null hypothesis; you might think of that as an assumption.  In the t-test the null hypothesis states that the means (averages) of the two samples are equal, i.e. not significantly different.  The calculated means of the two samples may be numerically different, but that degree of difference may be due to random chance rather than the treatment that was applied.  Any difference that is due to chance is not statistically significant. You want to know whether an observed difference between the means is due to the treatment that's applied, that is, whether the observed difference is statistically significant. So, in the t-test you calculate a "t" value and compare it to a selected value taken from a table of  t values.  Depending on which t value is the larger, you accept the null hypothesis or you reject it. Acceptance of the null hypothesis means that whatever difference you see between the mean values (averages) of the two samples is not statistically significant; it can be attributed to chance. Rejection of the null hypothesis means that the two mean values (averages) are significantly different, i.e. not equal, which in turn means that the treatment does have a significant effect.

Performance of a t-test. 

a. The situation.   In a plastic bag you have 20 plastic cylinders: 10 striped ones and 10 solid-colored ones. These represent earthworms collected from two different types of soil, one of which is reportedly contaminated with industrial waste. As part of this ecological study you must determine whether soil organisms, such as the worms, display any abnormalities. You want to know whether there is any difference in size of the worms in the two soils.  Toxins in the soil might stunt growth of organisms.  The variable you will measure is body length. Since it is impossible to capture and measure every worm in the entire population of worms, we assume in such a test that the two samples of worms we collected are representative of the populations of worms in the two soils. Our null hypothesis, to be tested, states that the mean body lengths of the two samples of worms are equal, i. e. that the mean length of sample 1 is equal to the mean length of sample 2. The striped cylinders represent worms from the contaminated soil (our "treated" group); solid cylinders represent worms from the other soil (our "control" group).  Measure the length of each worm, to the nearest 0.1 cm and record the data for each group. 

b. The mean values.  For each sample calculate the mean, rounded to nearest 0.1 cm.  In the formula (see box below) "X-bar" is the symbol for "mean," xi" is the symbol for each observation (datum), "n" is the number of observations (sample size). 
How can you account for the fact that the members within each sample are not the same length?  Are the means numerically the same?   If not, can you conclude at this point whether the difference is significant or due just to chance?   Look at the range of values for each group (lowest vs. highest values); do the groups overlap at all?  Wouldn't a large overlap of the two ranges suggest that the groups were more similar to each other than if there were little overlap of the ranges? 

c. The standard deviations.  For each sample calculate the standard deviation, s, rounded to nearest 0.01 cm (see box below for formula).  The standard deviation of a sample is an indication of how much the individual observations are spread out on either side of the mean value. That is, it reflects variation within each sample. Is one sample more variable than the other?  Suppose two samples of equal size with the same mean value have different standard deviations; the one with the larger standard deviation is the more variable sample; the individuals in that sample show a wider spread around the mean.  Symbol meanings in this formula are the same as in the mean formula. 

Anyone equipped with precalculus should be able to handle this formula.  For each observation (xi , each sample member), you subtract the mean; then square that quantity, which is called a deviation. Then add all the squared deviations, divide the sum by (n-1) and take the square root of that.

d. Calculation of  the t value.  Note that all you need do is substitute the mean values, the standard deviation values, and the sample sizes in the formula and solve for t (see box below for formula).  Symbol subscripts "1" and "2" designate the two samples.  It doesn't matter which sample is which number; the absolute value operation in the numerator guarantees that t will be a positive value. Watch your algebra; sloppy/careless math and skipping steps will cost points when you have to do this sort of calculation on the lab exam! 

e. Critical t value comparison.  You need to compare the calculated t value with the proper critical t value from the table shown below.  Degrees of freedom (d.f.) = sum of the sample sizes (n1 + n2) minus 2.  Use the 0.05 probability column unless told otherwise.  Selecting from this column will give us 95% confidence that we will draw the correct conclusion.  For example, if the control and treated samples each contain 13 observations, then d.f. = 24 and the critical t = 2.064.  Your calculated t will fall into one of two categories:  (i) it will be less than or equal to the critical t value or  (ii) it will be greater than the critical t value. 

f. The interpretation.  If calculated t is less than or equal to critical t, you conclude that there is no significant difference between the means of the two groups, i.e. that the observed numerical difference between the means is due to chance, not the treatment applied.  Said another way, the treatment had no significant effect on the variable under study.  This also means that we accept the null hypothesis.  On the other hand, if calculated t is greater than critical t, you conclude that there is a significant difference between the means of the two groups, i.e. that the observed numerical difference between the means is not due to chance but is due to the treatment applied.  Said another way, the treatment did have a significant effect on the variable under study.  This also means that we reject the null hypothesis.  So, in your experiment with these simulated worms, was there a significant difference between the mean body lengths of worms taken from the two soils?  [image: image1.png]formula for mean: X
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Indirect measurement, accuracy, and precision
Often it is impossible or impractical to measure something of interest directly.  In such cases indirect methods of measurement may be used.  In your biuret test you wanted to measure protein concentration in solutions, but what you actually measured was a colored product of a chemical reaction between protein and certain reagents.  And even then, it was light absorption by the colored molecules that you actually measured.  So, reliability of such indirect methods of measurement depends on the validity of certain assumptions.  How would your biuret test results have been affected if the protein solutions contained solutes that interfered with color formation or non-protein solutes that produced color?  Further, the Beer-Lambert law told you that the linear relationship between concentration and absorbance was valid only over a limited concentration range. 

A second consideration in making measurements (direct or indirect) is that methods and measurements are only as reliable as the instruments or devices used. In the simple exercise you just completed you probably had no trouble measuring the "worms" with the metric ruler.  That was a direct measurement, and since the task required measuring only to the nearest 0.1 cm, the ruler you had was adequate. When you tried to measure the diameter of the field of view of your microscope's 10X objective by using that same ruler some weeks ago, you found it to be inadequate for the task; it was too crude.  Every instrument, tool, or device (pipette, graduated cylinder, spectrophotometer, balance, thermometer, etc.) has limitations and may be used only for certain purposes or only under certain conditions. An instrument may not be sufficiently accurate or sensitive near its upper or lower limits, its graduations may be too crude for some purposes, and so forth.  Knowledge of such restrictions and limitations is important if reliable data are to be obtained. 

Obviously you want accuracy in your measurements, but you also want precision.  Accuracy refers to the true value, with all sources of error and bias eliminated. Precision refers to the reproducibility of a measurement. Do you remember repeating one of your enzyme assays three times, in order to see how reproducible your results were?  Limitations of instruments and errors introduced by an investigator affect the reliability of measurements.  A familiar example:  Suppose you feel ill, with flu maybe, and decide to check your temperature with the thermometer you got at a pharmacy.  You measure four times:  98.5, 96, 99, 97.5 degrees F.  "That can't be right," you say; you feel abnormally warm. "Besides, those numbers should be the same, shouldn't they?"  The scatter in those readings says that your precision is not too good.  Did you rinse the thermometer in cool water once or twice before taking a brief measurement?  Did you hold it under your tongue the same length of time in each case?  So, you repeat the four measurements, allowing adequate time in each instance:  98.5, 98.5, 98.5, 98.5 degrees F.  Now your precision is good, but  you still wonder about that value, since 98.5 is "normal;" but you still feel lousy and too warm.  So, a visit to your M.D. reveals that your temperature is actually 102.5 F, which is more like what you suspected.  Now you know that the accuracy of your precise measurements was poor; the thermometer was defective or you were consistently reading it incorrectly.  Conclusion?   Both precision and accuracy are important, and you may attain good precision and still be inaccurate.  You want both. 

In lab you will be provided with a sheet of paper that has a large grid marked on each side:  1 cm squares on one side and 0.3 cm squares on the other side.  On each grid is drawn the outline of a large irregularly shaped leaf.  [See the last two pages here for small versions of these grids; the ones you will use, to cut and weigh, will be provided in lab.]  The task is to measure the area of the leaf.  A direct method would be to count the squares enclosed by the leaf's outline. On the grid with 1 cm squares, count the number of squares that fall entirely inside the leaf outline; don't count any parts of squares. What's the area, in cm2?  Is this an accurate value for the leaf area?  Too high?  Too low?  Now add to this value all of the squares that are partially enclosed by the outline. What's the area?  Is this an accurate value for the leaf area?  You have here an upper bound and a lower bound (limits) of the true area; the true area is somewhere between these two estimates, isn't it?

Now look at the grid with 0.3 cm squares.  If you counted the squares that are entirely enclosed by the outline, would this be a better estimate of the true area than the one you got a moment ago?  That is, is the accuracy of your measurement any better or worse now that your grid has smaller divisions?  In the simple act of counting all of the 0.3 cm squares enclosed by the leaf's outline, you might miscount.  Suppose you counted several times and got slightly different values sometimes. That would reflect your precision.  The closeness of your measurement to the true value reflects your accuracy. 

It's probably clear to you now that using this method of counting squares to determine the leaf area is not satisfactory.  It's also rather slow, especially if the squares are small. {Do you see that as you make the squares smaller your area value should come closer to the true, accurate, value?}  Let's try a faster, simpler method- an indirect method- to estimate the true value of the leaf area. 

Measure the size of the sheet of paper (the entire rectangular sheet), in cm, to nearest 0.1 cm. Calculate the area, as cm2; record that value.  Then weigh the sheet of paper on your balance, to the nearest 0.1 g.   Now you have a conversion factor relating paper area to paper mass (weight). Use the scissors to carefully cut out the leaf. Then weigh it, to the nearest 0.1 g.  Finally, use dimensional analysis to calculate the area of the irregularly shaped leaf.   How should this value compare to the ones you got by counting the 1 cm squares?   Larger, smaller, between?  Is this indirectly determined value a better estimate of the true value? 

The preceding indirect method for determining the area of an irregularly shaped object depends, of course, on the reliability of the balance you used.  Most people don't question that factor. We shall. 

Look at the simple balance on your bench; you've used it before. Inspection of the three scale bars implies that you can measure masses of items from a few tenths of a gram up to a few hundred grams.  Most people would assume that the balance is accurate across this wide range. Let's see. 

The large filter paper circles on the bench are 11 cm in diameter.  A stack of 100 of them was weighed before today's exercise.  That weight was 81.8 g.  [This value was confirmed by using a more accurate balance too, a type that is not available in this lab.]  The mean weight of one paper, then, is 0.82 g (rounded).  These paper circles certainly look the same; they are machined to a certain tolerance and are supposed to be the same size and weight.  Now, make sure that your balance is set to zero properly.  Then weigh 5 of these filter paper circles, one at a time and record the individual weights, to the nearest 0.01 g.  You'll have to estimate the second decimal place.  What's the average for the 5?  You'll see that these individual weights are below the value given above.  Conclusion?  This balance is not as accurate at the low end of its range as you had assumed.  If you weighed 100 papers one at a time and then took the average, would you get the 0.82 g value specified above?  Why not?  Why is it better, then, to weigh many of the papers at once and calculate the mean if you want to use this balance to determine the weight of something that is very light?  Do you see that this indirect way of determining the weight of the single paper circles is more accurate than weighing single papers with this balance? 

Let's extend this.  The small paper circles on the bench are 5.5 cm in diameter.  Obviously the individual weight of these is even less than is that of the larger papers. Also obvious now is that this balance won't give you an accurate weight of a single one of the small papers. You could weigh many at the same time and calculate the average.  Suppose, though, that you had only one (or none) such 5.5 cm diameter paper circle.  How would you determine its weight accurately?  You see that it can't be done directly.  How about using a proportionality?  Use the 0.82 g value for the large paper circle in the calculation.  THINK!   Is the weight proportional to the diameter?  Remember that a method of indirect measurement is only as good as the reasoning behind the method. 

One more example...  You have a pair of ordinary dice that have been glued together to form a rectangular block.   Use the metric ruler to measure the 3 edges of the dice block; record the 3 measurements as cm, to the nearest 0.1 cm.  Then calculate the volume of the dice block, as cubic cm (cc).  This is a direct determination of the volume of the dice block.   Now  fill the 100 mL graduated cylinder to the 70 mL mark, with water; accuracy is important.  Tilt the cylinder and let the dice block slide down the side into the water; don't drop it in, since the splash may change the liquid volume in the cylinder.  Now read the volume in the cylinder; the difference is the volume of the dice block.  This value was determined indirectly.  The two values should agree closely.  (Do you remember a relationship between mL and cc?)  With an object of regular shape, measurement with the ruler is simpler, but how would you use a ruler to determine the volume of an irregularly shaped object?  Remove and dry the dice block. when you're done. 

Dilution methods are also often used to measure things indirectly, as you will see in the following turbidimetry exercise. You've already seen dilution problems in other exercises, beginning with the first lab session's guidesheets and again in the biuret exercise, the permeability exercise, and the enzyme exercises.  In the turbidimetry exercise you will apply a dilution technique to the task of indirectly counting cells in a liquid suspension. 

Turbidimetry
In previous exercises you used the Spectronic 20 colorimeter for three different purposes. In the first lab you used it to determine riboflavin's absorption spectrum.  The next week you established a standard curve with which to estimate protein concentration of solutions, and later you used the same instrument to follow the progress of an enzyme-catalyzed reaction under a wide variety of factors.  Now you'll see how the same instrument can be used for still a different purpose: to measure the number of cells suspended in a fluid. 

In the earlier three exercises certain types of molecules that were dissolved in a solution absorbed specific wavelengths of light, such that some portion of the light entering the sample tube did not pass through the solution to reach the light detector.  The point there: dissolved molecules absorbed light.  In the present exercise you will have cells, not molecules, as your focus, and the cells will be suspended, not dissolved, in the liquid in the tube.  Further, since the cells are so large (compared to molecules), they will reflect and scatter, not absorb, the light entering the tube.  

The principle of light being scattered by tiny suspended particles is familiar.  For example, dust particles and smoke particles in air scatter light.  Silt particles suspended in water scatter light.  The greater the concentration of particles per unit volume of the suspending medium (air or water), the more light there is scattered and therefore the less light that passes though.  The smokiness, dustiness, haziness, or cloudiness of the air or water in such cases is called turbidity. It is important to realize that in such cases the units of interest are particles, not molecules, and that they are suspended in the surrounding medium.  Unlike dissolved molecules, which would never settle out of solution, suspended particles would settle, in time, to the bottom of the container, becoming separated from the liquid.  You used a centrifuge to hasten that settling process when you separated the denatured protein (casein) of milk from milk's other components.  So, we're dealing here with suspensions that scatter light, not solutions that absorb light.  Of course, the solvent and various solutes present may indeed absorb some light, but we always correct for that by using the proper "blank". 

Given an appropriate set of conditions in the lab there is a concentration range of suspended particles per unit of volume (mL, e.g.) in which the amount of light scattering and reflection is proportional to the particle concentration.  So, if we work within that range we can use the colorimeter to measure the amount of light transmitted (i.e. not scattered) through suspensions; in today's example it will be suspensions of yeast cells.  This use of the colorimeter is called turbidimetry. 

Turn on your Spectronic 20 and set the wavelength to 500 nm. {Since light scattering is involved here, almost any visible wavelength would work, but we should all use the same one for a given exercise.}  Weigh out 0.5 g of the dry yeast from the packet provided.  Use your graduated cylinder to dispense 25 mL of the yeast growth solution (GYE, in a bottle) into a 125 mL Erlenmeyer flask.  Swirl the flask to suspend the cells.  NOTE WELL that you will have to make sure that the yeast cells stay suspended during the time you're preparing and measuring the various suspensions.  Since the cells are suspended, not dissolved, they will begin to settle out and that would seriously affect your data.  This applies to the suspensions in tubes as well as in flasks. 

The material in the yeast packet, from the grocery, is actually a mass of dry yeast cells. They are live fungi, merely in a dormant state until you provide water and nutrients (the GYE solution).  When you put them into GYE nutrient solution, the cells resume active metabolism and begin to divide mitotically to produce more yeast cells.  This is a primitive eukaryotic species and an immensely important one (baking, brewing, other fermentations, biotechnological research).  If you excluded O2 from the flask, the cells would form ethyl alcohol by fermenting the glucose in the GYE solution. 

The term "yeast" has been used to refer to many different species of unicellular fungi.  Saccharomyces cerevisiae is the best known; it is the common yeast used in baking and brewing.  The left figure below shows cells as you would see them on a microscope slide with low magnification.  The individual cells are spherical to ovoid.  Depending on species and conditions of growth, the cells of yeasts vary in size; 3 μm to 10 μm in diameter is typical.  So, these are larger than bacterial cells but smaller than cells of most other types of eukaryotic cells. 

Some cells appear to have bumps attached to the side (arrow).  These are called "buds."  A bud is a daughter cell produced in mitosis, which amounts to asexual reproduction in these fungi.  Instead of cytokinesis splitting the original cell into two equal size daughter cells, the original cell produces an enlarging "bud," which ultimately detaches.  The bud receives a full set of chromosomes.

The illustration at right below shows these buds (daughter cells) at higher magnification in a scanning electron micrograph.
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Your yeast suspension appears "milky", i.e. turbid, because the incredibly large number of suspended cells scatters and reflects the light, light of all wavelengths ("white" light). 

Prior to today's lab Dr. Rawn did a microscopic count (using a hemacytometer which you'll see in a future course) of the actual number of cells in a known volume of this yeast suspension (0.5 g cells per 25 mL liquid).   A 1:100 dilution of the original suspension yielded an average cell count of 31.3 cells per 0.00625 cubic mm. (Recall that 1000 mm3 = 1 cm3 = 1 cc = 1 mL.) Therefore: 

31.3 cells/0.00625 mm3 X 1000 mm3/cm3 X 1 cm3/mL = 5 X 106 cells/mL 

This is the concentration of cells in the 1:100 dilution.   So, the concentration of cells in the undiluted suspension is 5.0 X 108 cells/mL. 

***Read and follow the instructions very carefully now to prepare a dilution series.  Before pipetting any yeast suspension, be sure to swirl it (each time) to ensure that the cells are uniformly distributed throughout. Though the cells are tiny, they will settle to the bottom of the tube gradually since they are suspended, not dissolved. *** 

Set up 6 large test tubes in the rack.  Pipette GYE into them as shown in the table, next page, column A.   Swirl the cell suspension in the flask to maintain uniformity; then pipette 1 mL of the flask's suspension into tube #1.   Swirl the tube to mix thoroughly.   The cell concentration in tube #1 is now 1/10 the concentration of the original suspension.   NOTE WELL that it's 1 mL of cell suspension plus 9 mL of GYE liquid, not 10 mL of GYE liquid, to get the 1:10 dilution.   By definition, a 1:10 dilution means to combine 1 part of the given solution with 9 parts of whatever liquid (diluent) you're using to dilute the given solution. 

Using a different pipette, measure 1 mL from tube #1 (well mixed) into tube #4.   The cell concentration in #4 is 1/10 of that in tube #1 and 1/100 of that in the original suspension (1/10 X 1/10). 

Swirl tube #1 again (in case the cells are settling) and using the same pipette measure 2 mL from tube #1 into tube #3, and measure 3 mL from tube #1 into tube #2.   Tube #3 has 2/100 of the original concentration (2/10 X 1/10).   Tube #2 has 3/100 of the original concentration (3/10 X 1/10).    Swirl tubes #2, #3, #4. 

Use GYE (without yeast) in the colorimeter tube as your "blank".   If you aren't sure how to standardize the colorimeter (this is your 5th time to use it), review that before proceeding!!   After standardizing the colorimeter, measure percent transmittance (%T) for tubes #2, #3, #4.   Record the values in the data table.   For each one fill the colorimeter tube about 2/3.   Pour each suspension back into its original tube.   Rinse the colorimeter tube between samples. 

Pipette 6 mL from tube #4 into tube #5; total dilution here is 1/100 X 6/10.   Then pipette 3 mL from tube #4 into tube #6; total dilution is 1/100 X 3/10.   Swirl tubes #5 and #6, and read %T for each of these suspensions, as you did the others.   Record data in column C in the table. 
  

	PRIVATE
tube#
	A 
mL 
GYE
	B 
Dilution of 
original
	C 
% T
	D* 
No. of cells 
per mL
	E** 
log of No. of 
cells per mL

	1
	9
	1:10
	 
	 
	 

	2
	7
	3:100
	 
	 
	 

	3
	8
	2:100
	 
	 
	 

	4
	9
	1:100
	 
	 
	 

	5
	4
	6:1000
	 
	 
	 

	6
	7
	3:1000
	 
	 
	 


* 5 X 108 cells/mL in undiluted suspension.   For #2, for example,  5 X 108 cells/mL X 3/100 = 1.5 X 107 cells/mL. 

** Base 10 log.   For #2, for example, that's 7.18. 
  

Calculate the cell concentration in each tube; record in column D in the data table.   Then record the logarithm, in column E, corresponding to each value in column D.   

For #2-#6 plot the log values on the X-axis and the %T values on the Y-axis.   Fit the best straight line to this set of 5 points.   Don't plot the blank; don't include tube #1 here; don't force the curve through the origin.   This straight line is a standard curve, which can now be used to estimate the concentration of cells in "unknown" suspensions.   For example, a few hours from now, after the cells have had time to divide mitotically, you could determine how much the cell population in the flask has increased. 

To determine the cell concentration of an "unknown" suspension: 

a. Dilute the suspension, if necessary, to get a %T value that falls somewhere on your standard curve. Carefully note the dilution factor that you apply. 
b. Read the corresponding log value from the X-axis. 
c. Determine the antilog of that log value, to get the cell concentration, expressed as cells/mL. 
d. Multiply this cells/mL value by the reciprocal of the dilution factor (from step a) to get the concentration of cells in the undiluted suspension. 

Example: A yeast suspension was diluted 1:200, and that gave a %T value of 45 %T.  On the standard curve 45 %T corresponded to a log value of 6.9 (that's log of No. of cells/mL).   The antilog of that was about 7.94 X 106 cells/mL.   The undiluted suspension was 200 times that = 1.59 X 109 cells/mL. 


Introduction to chromatography
Filtration, centrifugation, and the use of selectively permeable membranes are among the techniques that can be used for the separation of biological materials; you've seen these.  Each has particular uses.  Chromatography is another technique for separation of substances.  There are several types. In each the basic purpose is to separate types of molecules in a complex mixture from each other.  Different types of molecules in the same solution may be separated from each other on the basis of their different tendencies to bind to a solid phase (filter paper, for example) or dissolve in a mobile phase, usually called the chromatographic solvent or solvent system

Suppose a solution contains solutes A, B, and C.  If you apply a tiny drop of the solution near one edge of a piece of  filter paper and let the drop dry, the solutes remain bound to the paper at the point of application (called the origin).  See the figure below.  If you then dip the edge of the paper into a solvent and hold it there, the solvent will creep across the paper, filling the invisibly small spaces between the cellulose fibers.  As the solvent front, i.e. the leading edge of the advancing liquid, reaches the origin and flows past, each of the three solutes (A, B, C) will remain bound to the paper or will dissolve in the moving solvent and move with it, away 
from the origin. [image: image4.jpg]| filter paperhanging
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The properties of the molecules will determine whether binding or dissolving predominates.  One solute may be very soluble in the moving solvent, another may be very poorly soluble, and the third may have some tendency to bind to the paper fibers and some tendency to dissolve.  So, you might see three distinctly different degrees of movement away from the origin.  The type of chromatographic solvent and the nature of the solid phase (= stationary phase) are obviously important factors.  Various solvents differ in terms of what solutes they will dissolve, for instance.  In paper chromatography the solid phase is cellulose fibers; in thin layer chromatography the solid phase is silica gel or other material.  Different molecules do have different tendencies to bind to different solid phase materials. Perhaps you've noticed that certain food stains will stick to some fabrics but not others; that's the same idea. 

The term affinity refers to this tendency of molecules to bind or to dissolve.  For example, a type of molecule that binds tightly to cellulose fibers but dissolves poorly in the moving chromatographic solvent is said to have a high affinity for the stationary (solid) phase and low affinity for the mobile (moving) phase.  If the three solutes, A, B, C, have sufficiently different affinities for the stationary phase and mobile phase of a chromatographic system, it might be possible to separate the three.  Without chromatography, separation of the three might be very difficult or even impossible. 

The matter of being able to separate molecules from complex mixtures is one of great concern in many applications: medicine, manufacturing processes, law enforcement, for example.  Separation is the basis of isolation and purification of chemicals of many kinds, including pharmaceuticals.  Chromatography has proved to be one of the most important analytical techniques developed in the past century. 

To see the principles at work today you will separate three dyes in a mixture.  You will use a variant of paper chromatography called "circular" paper chromatography.  Dyes were selected for this because they are visible to the naked eye and, therefore, do not require chemical treatment later to make them visible.  You can watch the separation as it takes place.  The dyes and the solvent they are dissolved in (methyl alcohol) must be handled with care, as must ALL chemicals used in the lab.  Avoid contact with these chemicals, just as you've been told in previous labs when you worked with chemicals of various sorts.  The alcohol is flammable and toxic; dyes may be toxic and will stick to various fabrics and paper products. 

Get 4 filter paper circles, 11 cm diameter (Whatman #1).  Mark on the papers only with pencil; inks will "run" when wet.  Mark a tiny dot in the center of each paper to serve as the origin (starting point).  Then lightly draw a circle 5 mm in diameter (That's right; it's small.) around the dot, with the dot in the circle's center. Refer to the sample papers posted in the lab as a guide.   In a moment you will apply the dye solutions at the origin, taking care to keep the dye spot within this tiny circle. The smaller the dye spot at the origin the better the separation will be. 

You have 4 dye solutions in small bottles (HANDLE CAREFULLY): "A" alone, "B" alone, "C" alone, and all 3 combined (the bottle marked "D").  With pencil lightly mark the edge of each paper with one of the letters (A, B, C, D) to identify them.  [Don't use ink; it will smear when wet.]   Now read the next paragraph completely before applying the dyes. 

Use a separate microcapillary to apply each dye solution. Dip the tip of a microcapillary into dye solution "A"; you'll see the solution flow into the tiny capillary by capillary action. However much solution enters the capillary by itself is enough; DO NOT try to draw more into the capillary. Then very carefully and lightly touch the wet tip of the capillary to the origin (pencil dot) on paper "A". WATCH CLOSELY! The instant you see the dye flow onto the paper, spreading out to fill the circle you drew, pull the capillary away.  Blow on the wet spot on the paper to evaporate the alcohol. Then apply a second tiny drop on top of the first, which is now dry. Again blow the alcohol dry, gently. Repeat this (probably 4 to 6 times) until you've applied to the paper all the liquid that initially flowed into the capillary. You don't need to refill the capillary; you should have gotten enough dye the first time.  Again, it is important to keep the dye spot as small as possible.  Then repeat this operation with the other dye solutions (B,C,D) on the other papers, using a different microcapillary for each solution. Screw the cap tightly back onto the dye bottles to prevent evaporation of the alcohol. Discard the capillaries in the "glass trash." 

When all 4 dye samples are applied and dried on the filter papers, mark each paper with pencil like the posted sample paper II.   Then cut and fold (about 45 degree angle downward) the strip of each paper to form a "wick", or "tongue," like sample paper III shows. 

Fill 4 glass Petri dish halves with deionized water, about 1/3 full, not more.  Carefully place paper "A" horizontally on top of one of the 4 dishes such that the paper "wick" hangs down into the water as the paper circle rests on the rim of the dish.  Then carefully place an empty dish half upside down on top of the paper circle.  The vertical sides of the two dish halves should be aligned so as to sandwich the paper circle securely between and keep it from falling into the lower dish.  Note the start time now. 

Repeat this procedure with the other three papers and dishes, noting the start time for each.  Then you will let the chromatographic solvent, which is only water is this exercise, move across the papers for 15 to 20 minutes.  Watch carefully what happens as the solvent front passes the dye spot at the origin on each paper. 

The 3 dye molecule types you're using have different structures and, therefore, different properties.   Sound familiar?  They differ in their solubility in water and in their affinity for cellulose fibers.  When the moving edge of the solvent (the solvent front) is about 1/2 inch from the dish edge, carefully remove the papers from the dishes and immediately mark with pencil the location of the solvent front on each paper.  An arc about an inch long will do.  Then set the papers aside to dry.  After the papers are dry, mark the center of each dye band that moved away from the origin, and measure the distance from origin to that center point for each dye. 

You'll see that in this simple procedure the molecules that move with the solvent tend to spread out and form a band, or zone.  They also spread along their axis of travel, i.e. the forward direction of movement away from the origin.  This is like the concentrated "head" of a comet with the tail spreading out behind.  Such spreading is inevitable in all kinds of chromatography.  Keeping the spot at the origin as small as possible reduces this spreading.  As you may imagine, the less spreading there is along the direction of solvent movement, the better the chance of clearly separating the molecules in the original mixture.  If there were much spreading along the direction of solvent movement, the bands might overlap and be incompletely separated.  The more similar two types of molecules are in their properties, the more likely their bands will overlap.  Many factors affect how well molecules will be separated.  This degree of separation is called resolution.  We would like to get the highest degree of resolution possible, which means no overlap of the bands at all. 

Now calculate the Rf value for each dye: distance the band moved divided by the distance the solvent moved.  From this simple ratio relationship that all Rf values are between zero (no movement from origin) and 1.0 (moves at the solvent front).  Were all three dyes resolved?  Which dye has the greatest solubility in the chromatographic solvent?  Which one has the greatest affinity for the stationary phase?  Which one has the least affinity for the stationary phase?  Some fabrics are made from cellulose fibers, like those in the filter papers.  If you spilled these dyes on a cotton shirt, which would you have the most trouble getting out?  Is it possible that a molecule could have some affinity for both the stationary phase and the mobile phase?  Does this exercise give any evidence about that? 

To take this a step farther, you could cut out the band of each dye (assuming that they're resolved) and soak each separate paper piece in a solvent to redissolve the dye off the paper.   This is called elution.  You would have then achieved separation and purification of the three dyes from the original mixture in a short time and at very little expense.  Such applications are used in purification of many important substances. 

…………………………………………………………………………………………………….

When you're done:

Rinse the Petri dishes and invert them to drain on paper towels.   Cap the dye solution bottles tightly.  

Discard the 4 microcapillaries (used in chromatography) in the glass trash box.
Turn off the colorimeter; make sure there's no tube in it's sample chamber.

Discard the filter papers in the solid trash.

Clean the flask, test tubes, colorimeter tubes, and small graduated cylinder at the sink.   Invert them to dry over paper toweling.

Put used pipettes in the tall pipette cylinder at the side of the room.

Tidy your work space.

Though you've been wearing gloves, wash your hands before leaving. 
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